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Abstract: This review describes a newmethod for quantitativemeasurement and spatial imaging ofmicroviscosity
within individual domains of live cells. The method is based on fluorescence detection from small synthetic
molecules termed ‘molecular rotors’, which are characterised by a strong response of fluorescence lifetimes or
spectra to the viscosity of their immediate environment.Wehave demonstrated that the quantitative determination
of viscosity is possible using lifetime-based molecular rotors and ratiometric molecular rotors. The ratiometric
imaging of viscosity benefits from a very fast signal acquisition. We have illustrated this advantage by monitoring
changes in intracellular viscosity during photodynamic therapy, which is a clinically utilised modality for the
treatment of neoplastic disease.
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Introduction

Viscosity is one of the major param-
eters determining the diffusion rate of spe-
cies in condensed media. In the simplest
case, viscosity governs the rate of bimo-
lecular reactions, but, at the same time, it
is also the characteristic that has important
implications for mechanical properties
of materials and their chemical stability.
As such, viscosity is a major parameter
of interest in engineering and industrial
process design. On the other hand, viscos-

ity plays an important role in biological
systems, as it determines the rate of dif-
fusion at the microscopic level within in-
dividual cell compartments. As the main
determinant of diffusion rate within and
across the domains of live cells, changes
in viscosity of these domains must have
important consequences for normal cel-
lular function. It is therefore not surpris-
ing that abnormal levels of viscosity have
been linked to disease and malfunction in
animals and human subjects.[1]A common
example is abnormalities in viscosity of
membranes,[1a,e]whichwere detected in pa-
tients with atherosclerosis,[1b] diabetes,[1c]
Alzheimer’s disease[1d] and even in cell
malignancy.[1a]

Given the evidence of links between
abnormal levels of viscosity and disease,
measuring microviscosity in the individual
domains of live cells is a worthwhile task.
The main problem in this regard is one of
scale: the proposed measurement method
must sample themicroscopic length scales,
relevant to cellular studies.While mechan-
ical methods to measure the bulk macro-
scopic viscosity are well developed, imag-
ing local microscopic viscosity remains a
challenge. A range of spectroscopic meth-
ods has been developed in the last few
decades, which are capable of reporting
on viscosity or diffusion in microscopic
regions of space. These include single
particle tracking,[2] fluorescence recovery
after photobleaching,[3] steady state and
time resolved fluorescence anisotropy,[4]
fluorescence correlation spectroscopy[5]
and monitoring the rates of the fast pho-
tochemical processes, e.g. quenching.[6]
In this review I will discuss an alternative
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Quantitative Measurements of
Viscosity in Cells

The Förster-Hoffman equation pro-
vides the framework for measuring vis-
cosity in microscopic compartments of
biological samples, using fluorescent mo-
lecular rotors. The cellular studies require
the biocompatible molecular rotors to be
available, which are characterized by high
uptake to cellular compartments of inter-
est and by low dark and photo-toxicity to
cells. Several such rotors have been de-
signed and their structures are shown in
Fig. 1. For all of these molecules, it has
been reported that Φ

f
increases as a func-

tion of viscosity according to the Förster-
Hoffman equation.

Benzylidene malononitriles, e.g. com-
mercially available 9-(2,2-dicyanovinyl)
julolidine (DCVJ, Fig. 1a), are the most
actively studied molecular rotors to date.
These dyes display a marked increase in
the fluorescence intensity as solvent vis-
cosity increases, attributed to the existence
of the low-energy twisted intramolecular
charge transfer (TICT) state. The TICT
state serves as a non fluorescent ‘dark’
state and is efficiently populated upon
photoexcitation in non-viscous solvents.
Utilising the change in Φ

f
with viscosity

in DCVJ, viscosity was measured in sol-
vent mixtures and in solutions of dextran
and starch, with viscosity ranging from 1
to 300 cP.[7]

These bulk measurements relied on the
known concentration of the fluorophore
in a cuvette, which enabled the determi-
nation of the fluorescence quantum yield
of the dye based on the detected fluores-
cence intensity. This is no longer possible
in cell samples, since the concentration of
the probe can significantly vary in various
cell compartments, due to different uptake
and/or affinity to the fluorophore used. In
addition, the quantitative fluorescence in-
tensity measurements in cellular compart-
ments are less reliable, since they suffer

approach which not only allows to mea-
sure microviscosity but also enables imag-
ing of local microviscosity in individual
compartments of live cells. This approach
is based on fluorescence measurements of
small synthetic molecules termed molecu-
lar rotors.

Molecular rotors are fluorescent mol-
ecules, in which the non-radiative decay of
the fluorescent excited state is strongly in-
fluenced by the viscosity of the surround-
ing medium.[7,8]Within this class of fluoro-
phores intramolecular rotation or twisting
dominates the photophysical properties of
the dye, by changing the population bal-
ance between the ‘bright’ fluorescent ex-
cited state and the ‘dark’ state. The struc-
tural change, such a twisting, is typically
viscosity dependent and leads to a popula-
tion of a dark non-emissive excited state
or activates other non-radiative decay path-
ways in a rotor. At the same time, the vis-
cosity of the immediate environment of the
rotor, be it homogeneous solution or het-
erogeneousmixture, governs the rate of the
rotation or conformational change within
the molecular frame. In a non-viscous en-
vironment, rotation is unobstructed and the
population of the ‘dark’ state is efficient,
leading to low fluorescence. Conversely, in
a viscous environment the intramolecular
rotation is slowed down and this causes
the drastic change in the fluorescence pa-
rameters such as intensity, decay time, and
sometimes even the spectral profile. The
benefits of this approach are that changes
in the fluorescence parameters with vis-
cosity are gradual and can be described
by mathematical equations, as will be dis-
cussed below in more detail. Thus, the re-
sponses of the rotor can be directly cali-
brated. Based on such calibration, viscos-
ity can be directly measured by detecting
the change in the fluorescence parameters
(spectra or lifetimes) of molecular rotors.

Due to the ease of calibration, fast flu-
orescence acquisition times and excellent
spatial resolution offered by fluorescence
imaging, the molecular rotor approach has
been applied to viscosity studies of biolog-
ical fluids and fibres,[9] as well as sol-gel
and polymer samples[10] and for imaging of
flow patterns.[11] This review is dedicated
to our own investigations using fluorescent
molecular rotors with the aim to develop
accurate tools to measure in vivo and in
vitro viscosity in a wide range of biologi-
cal environments, including those present
within a living cell.

Förster-Hoffman Equation

The dependence of fluorescence
quantum yield (Φ

f
) on viscosity (η) is

described by the Förster-Hoffman equa-
tion,[12] Eqn. (1):

(1)αηzf =Φ

where z and α are constants.
It directly follows from this equation

that a plot of log Φ
f
as a function of log

η should yield a straight line with a slope
of α. The later theoretical work has identi-
fied that α is expected to fall in the range
between 1⁄3 and 2⁄3 and this was supported
by experimental data.[13]

As was mentioned previously, it is ex-
pected in molecular rotors that the strong
dependence of Φ

f
on viscosity is the result

of non-radiative processes being activated
by intramolecular rotation. Radiative (k

r
)

and non-radiative (k
nr
) decay rate constants

can be calculated from the main parame-
ters of molecular fluorescence, the fluores-
cence quantum yield (Φ

f
) and the fluores-

cence lifetime (τ
f
), as defined by Eqn. (2):
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Furthermore, Eqn. (2) can be easily
substituted into Eqn. (1) to produce a mod-
ified Förster-Hoffman equation, Eqn. (3):
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Thus a plot of log τ
f
as a function of log

η should yield a straight line with a slope
of α. The intercept of the line gives infor-
mation about the radiative rate constant, k

r
,

for the molecule. The straight line serves
as a calibration plot for the fluorescence
response of the molecular rotor.

Fig. 1. The structures
of molecular rotors
that were previ-
ously used for various
measurements in bio-
logical cells: (a) 9-(di-
cyanovinyl)julolidine
(DCVJ) (b) p-phenyl-
substituted 4,4’-di-
fluoro-4-bora-3a,4a-
diaza-s-indacene,
BODIPY-phenyl-C12;
(c) conjugated por-
phyrin dimer; (d) sub-
stituted indocyanine
dye (cy3).
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sistent with the restricted rotation of the
phenyl group in solutions of high viscosity,
thus preventing relaxation via the popula-
tion of the dark excited state. In addition,
upon viscosity increase from 30 to 1000
cP, the fluorescence lifetime also increased
from (0.7±0.05) to (3.8±0.1) ns, Fig. 3b.
The rates of radiative and non-radiative
decays were calculated using Eqn. (2)
from the measured fluorescence lifetimes
and quantum yields. These results dem-
onstrated that for BODIPY-phenyl-C

12
the

radiative decay rate remained constant in
the range of viscosities studied, while the
non-radiative decay rate increased with de-
creasing viscosity by two orders of magni-
tude. Thus, consistent with the Hoffman-
Förster theory, BODIPY-phenyl-C

12
was

shown to be a molecular rotor. Importantly,
the fluorescence lifetimes measured in the
wide range of viscosities were all in excess
of 100 ps, falling in the range accessible
with time correlated single photon count-
ing (TCSPC). This enabled fluorescence
lifetime imaging microscopy (FLIM) of
BODIPY-phenyl-C

12
to be performed.

Spatially resolved imaging of fluores-
cence lifetimes (FLIM) became accessible
in the late 1990s. In a FLIM experiment
the fluorescence decay information across
a pixelated field of a fluorescent image is
collected and analysed to obtain the value
of the fluorescence lifetime in each pixel of
the image.[17] This information can be re-

from uncertainties due to inhomogeneities
in the optical properties of the medium of
cell compartments. In other words, fluo-
rescence intensity changes observed for
molecular rotors inside cellular samples
can no longer be unequivocally assigned
to viscosity changes. The Förster-Hoffman
equation in its original form (Eqn. (1)) is
rarely applicable to imaging applications
within heterogeneous samples, especially,
within cells.

We perceived two possible solutions
to this problem. Firstly, the ratiometric
method can be used, i.e. the conjugation
of the molecular rotor to a dye, which is
insensitive to viscosity can be utilised for
the purposes of internal concentration cali-
bration. Alternatively, it could be useful to
determine the dependence of fluorescence
lifetime, τ

f
, on viscosity. Each of these

approaches will be discussed in separate
sections below.

Fluorescence Lifetime-based
Molecular Rotors

To overcome the problem, associated
with the uncertainty of probe concen-
tration within cells, we have designed
molecular rotors which can be calibrated
using fluorescence lifetime instead of
intensity.[8,10a]

According to Eqns (3) and (4), it is
clear that the molecular rotor fluorescence
lifetime can serve as a good measure of en-
vironmental viscosity. Unlike fluorescence
intensity, the lifetime does not change as
a function of fluorophore concentration.
There are only two cases when the con-
centration of the fluorophore can indeed
affect the decay. These are (i) aggregation
or dimerisation of fluorophore, which can
lead to a species with a separate emission
band, or a different fluorescence lifetime,
(ii) self-quenching of the excited state of
the rotor, leading to a shortening of the
observed excited state decay. However,
even in the presence of the undesirable
processes outlined above, the very nature
of the time-resolved fluorescence decay
can reveal the presence of interfering sec-
ondary photochemical processes affecting
the rotor, such as dynamic excited state
quenching (e.g. by cellular components
residing in the vicinity of the rotor) and
environment-induced aggregation. These
phenomena typically reveal themselves as
additional decay components, resulting in a
non-monoexponential overall decay of the
excited state. Importantly, these processes
can be detected using fluorescence lifetime
acquisition, whereas the data on dynamic
excited state quenching or aggregation are
typically not accessible from fluorescence
intensity measurements.

We hypothesised that meso-substi-

tuted 4,4’-difluoro-4-bora-3a,4a-diaza-s-
indacene (1, BODIPY-phenyl-C

12
, Fig. 2)

can act as a molecular rotor based on the
previous literature data for similar com-
pounds. For example, for 2a it was report-
ed that the fluorescence intensity decreases
with increasing temperature, when the dark
non emissive state becomes accessible and
this conclusion was supported by quantum
chemistry calculations.[14] The DFT inves-
tigation of 2a has suggested that the ‘dark’
state is formed as a result of rotation of the
phenyl group from the twisted conforma-
tion corresponding to the Franck-Condon
excited state into the plane of the dipyrrin
framework.[14] At the same time, in steri-
cally restricted compounds 2b and 2c, the
free rotation of the phenyl group is impos-
sible. Consistent with our theory, the fluo-
rescent quantum yield increases drastically
and becomes very close to unity in these
compounds,[15] presumably due to a pre-
vented non-radiative decay. Similarly, in
the series of 3a–d the fluorescence quan-
tum yield increases from 3a<3b≈3c<3d
following a decreasing ease of rotation of
the meso-phenyl group.[16]

The fluorescence measurements of
BODIPY-phenyl-C

12
[8a] made in metha-

nol/glycerol mixtures of different viscos-
ity, Fig. 3, showed that the fluorescence
quantum yield increased dramatically with
increasing solvent viscosity. The observed
increase in fluorescence intensity was con-

Fig. 2. The structures
of p-substituted
BODIPY dyes with
various degrees of
constraint on rotation
of a meso-phenyl
group.

Fig. 3. Fluorescence spectra (a) and decay traces (b) recorded for molecular rotor BODIPY-
phenyl-C12 in methanol/glycerol mixtures of different viscosity. Reprinted with permission from ref.
[8a]. Copyright 2008 American Chemical Society.
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corded using either the time- or frequency
domain measurements. Time-domain life-
time measurements using time-correlated
single photon counting (TCSPC) require
the use of a pulsed laser and requires longer
signal acquisition times. At the same time,
this approach provides a single photon de-
tection capability, which enables precise
lifetime determination,[17]This setup is ful-
ly compatible with multiphoton excitation
from femtosecond lasers. Thus, TCSPC
FLIM performed in biological tissues can
benefit from reduced scattering and higher
spatial resolution offered by multiphoton
microscopy.[18]

The success of FLIM measurements
depends on the availability of molecular
rotors with suitable photophysical char-
acteristics. Primarily, their fluorescence
lifetime should respond strongly to the
changes in the viscosity (large α, Eqns (3)
and (4)). The lifetimes at various viscosi-
ties should also fall within the range acces-
sible with current capabilities of FLIM. In
addition, the fluorescence emission needs
to be sufficiently bright (appreciable Φ

f
)

to allow rapid signal accumulation. The
molecular rotors based on meso-phenyl
BODIPY structure fit all these require-
ments.[8,10a] The longer fluorescence life-
time and higher quantum yield for a given
viscosity for this type of rotors present
significant advantages over the more com-
monly used and commercially available
maleononitriles and julolidines.[7] The su-
perior fluorescence parameters allow for
the successful implementation of BODIPY
rotors as microviscosity probes in TCSPC
FLIM and, due to the higher observed flu-
orescence intensities, provides fast image
acquisition times. This allowed us to use
BODIPY for quantitative viscosity studies
in live cells.

For cellular studies we synthesized and
studied two meso-phenyl BODIPY deriva-
tives: BODIPY-phenyl-C

12
and BODIPY-

phenyl-farnesyl.[8] Both compounds were
identified as fluorescent molecular rotors
from the calibration graphs recorded in
the methanol/glycerol mixtures of vary-
ing viscosity, as shown in Fig. 4. For both
dyes the lifetimes recorded at viscosities
from 1–1000 cP fell within the accessible
range with TCSPC, although the actual
lifetime values were slightly different for
each dye. The major difference between
the two fluorophores was the nature of the
tail group, saturated hydrocarbon C

12
H

25
or

farnesyl. The latter is known to present a
better structural match to the components
of the cellular membranes. Due to this we
hypothesised that the farnesyl derivative
would partition to the cellular membrane
domains better than the C

12
derivative.

Both fluorophores were hydrophobic and
insoluble in water and this made them
ideal for imaging microviscosity in the

hydrophobic membrane domains within
live cells using FLIM.

We separately incubated BODIPY-
phenyl-C

12
and BODIPY-phenyl-farnesyl

with SK-OV-3 epithelial adenocarcinoma
cells and used FLIM to determine the vis-
cosity. The confocal fluorescence images
of the cells are shown in Fig. 5 and show-
case the high intracellular uptake of the
molecular rotors. The FLIM images were
obtained using excitation with a pulsed
diode laser at 467 nm and a narrow life-
time distribution between 1.4 ns and 2.0 ns
can be seen for BODIPY-phenyl-C

12
, Fig.

4b. The lifetime distribution for BODIPY-
phenyl-farnesyl is between 0.8 and 1.6 ns,
Fig. 4b. According to the calibration graph
for both dyes, Fig. 4a, this range of life-
times inside the cell corresponds to the
same average viscosity of (160±40) cP.

Importantly, the fluorescence lifetime
distributions obtained from SK-OV-3 cells
were non-symmetric, and this was particu-
larly obvious for the farnesyl derivative,
Fig. 4b. In fact, careful consideration of
the images for both dyes, Fig. 5, led to the

conclusion that two high viscosity domains
within SK-OV-3 cells were detected, char-
acterized by apparent viscosities of 160 ±
20 cP and 260 ± 40 cP.

Indeed, most of the dye inside the cells
was localised within small vesicle-like do-
mains, characterised by bright punctuate
fluorescence pattern and a shorter lifetime
corresponding to viscosity of ca. 160 cP.
However, in addition to the bright punctate
distribution, regions of lower fluorescence
intensity could be observed within the cell
cytosol. These areas were characterised
by a longer lifetime, corresponding to vis-
cosity of ca. 260 cP. It is very important
that every pixel of the image had mono-
exponential fluorescence decays. Thus, the
fluorescence lifetime characterised the vis-
cosity of the unique microenvironment in
each point that was ‘homogeneous’.

Each lifetimewas found in a distinct in-
tracellular domain: shorter lifetimes within

Fig. 4. Fluorescence lifetime data for BODIPY-phenyl-C12 (filled squares) and BODIPY-phenyl-
farnesyl (filled triangles). (a) Log fluorescence lifetime vs log viscosity; (b) Fluorescence lifetime
histograms from FLIM measurements in intracellular environments. The asymmetric distributions
can be adequately described and fitted assuming bimodal distribution of the fluorescence life-
times. The maxima of each lifetime components are shown in (a) by dashed lines. Reprinted with
permission from ref. [8b]. Copyright 2009 American Chemical Society.

Fig. 5. Fluorescence
intensity (a, c) and
FLIM images (b, d) for
live SK-OV-3 human
ovarian carcinoma
cells incubated with
BODIPY-phenyl-C12

(a, b) and BODIPY-
phenyl-farnesyl (c, d).
The discrete colour
scale shows shorter
lifetimes in yellow
and longer lifetimes in
blue. (b) for BODIPY-
phenyl-C12: 1350–
1850 ps in yellow
and 1850–2200 ps in
blue (d) for BODIPY-
phenyl-farnesyl: 800–
1250 ps in yellow
and 1250–1800 ps in
blue. Reprinted with
permission from ref.
[8b]. Copyright 2009
American Chemical
Society.
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endosomes (or lipid droplets) character-
ized by viscosity of ca. 160 cP, while the
longer lifetime was found in other hydro-
phobic domains with viscosity of ca. 260
cP. In both cellular domains, independent
of the nature of the hydrophobic chain of
BODIPY, the measured viscosity values
significantly exceeded those expected for
the aqueous phase of cellular cytoplasm.
These high viscosity values suggested
slow diffusion and reaction rates in these
hydrophobic cellular microenvironments.

In summary, the fluorescence lifetime
maps of BODIPY molecular rotors local-
ised within hydrophobic domains of live
cells provided a direct measurement of
intracellular viscosity with the spatial reso-
lution of a confocal microscope. These ex-
periments have a level of detail and quan-
titative information, which was previously
unattainable.

Ratiometric Fluorescence
Molecular Rotors

The second approach that allows
quantitative determination of viscosity by
fluorescence of molecular rotors is based
on ratiometric fluorescence detection. In
the simplest case, a ratiometric viscosity
sensor is constructed to incorporate two
independent chromophores. One of the
chromophores is not affected by viscosity
and is used to determine the concentration
of the construct as a whole, whilst the other
chromophore acts as amolecular rotor. The
ratiometric fluorescence detection of such
a probe allows to overcome measurement
uncertainties associated with heterogene-
ous probe distribution, as well as varia-
tions in concentration. The other obvious
advantage of the ratiometric approach is
the much simplified detection setup, which
does not require pulsed excitation or time-
resolved detection.

One such sensor has been reported by
Mark Haidekker and co-workers and used
for viscosity measurements in bulk liq-
uids.[19]Due to a lack of biocompatibility,
the use of this probe in a biological envi-
ronment was not possible to date.

The variation of the ratiometric mo-
lecular rotor approach was first applied to
live cells by Luby-Phelps et al.,[20]with the
purpose of establishing the viscosity in the
aqueous phase of the cellular cytoplasm.
This study suggested to use the ratiometric
fluorescence detection from the mixture of
cyanine dyes cy5 and cy3. Whilst the cy3
(Fig. 1d) displayed a strong dependence of
fluorescence quantum yield on viscosity
and acted as a molecular rotor, cy5 did not.
Assuming equal uptake of both dyes into
the cell, this work has established that the
viscosity of the aqueous phase of the cellu-
lar cytoplasm does not exceed 6–7 cP. The

drawback of this approach was that cy3
and cy5 were used as a mixture and their
equal concentration at the target could not
be guaranteed.

We have recently reported a new type
of ratiometric molecular rotor, a conjugat-
ed butadiyne-linked porphyrin dimer.[21]
The dimer works as a molecular rotor, due
to the coexistence of two spectroscopically
distinct conformations: planar and twist-
ed, with respect to the relative position
of the porphyrin units. Each conformer
is characterized by distinctive absorption
and emission spectra.[21,22] Since rotation
around the butadiyne linker is involved in
the interconversion between the planar and
the twisted fluorescent forms, it was not
surprising that the excited state properties
of the porphyrin dimer were found to be
viscosity dependent.

The emission of the dimer in non-vis-
cous solution was dominated by the lower
energy planar conformation, due to the ease
of rotation of the porphyrin ring in this en-
vironment. Conversely, in a high-viscosity
environment the emission of the less sta-
ble twisted conformer could be observed,
since the rate of the porphyrin ring rotation
was slowed down. We established that by
using a well defined excitation wavelength
the ratiometric response of the rotor (emis-
sion intensity of the twisted vs the planar
conformations) could be calibrated against

viscosity according to Eqn. (1), in a large
viscosity range between 0.6–1000 cP, Fig.
6.We then used the dimer to image viscos-
ity in cells during photoinduced cell death.

Ratiometric Molecular Rotor
Measures Viscosity during PDT

It was recently demonstrated that con-
jugated porphyrin dimers, such as the rotor
shown in Fig. 1c, are very potent photosen-
sitisers for photodynamic therapy (PDT)
of cancer, via one- and two-photon exci-
tation.[23] This means that these molecules
can be delivered into cells efficiently, are
non-toxic to cells in the absence of irra-
diation (negligible ‘dark toxicity’), and
are capable of killing target cells upon
irradiation with light.[24] The mechanism
of cell kill involves apoptosis or necro-
sis following production of the cytotoxic
short-lived intermediates, ‘reactive oxy-
gen species’, or ROS. ROS kill malignant
cells in the irradiated area, whilst leaving
the non-irradiated area untouched, due to
the extremely short lifetime and diffusion
distance. In a PDT treatment, selective up-
take of the drug to the malignant tissue, as
well as targeted irradiation of the diseased
area with light ensures dual selectivity of
the PDT towards cancer versus the normal
tissue.[24]

Fig. 6. Fluorescent ratiometric viscosity measurements utilising the conjugated porphyrin dimer.
(a) Fluorescence spectra of the dimer, obtained in methanol/glycerol mixtures of different viscosity
between 0.6–1000 cP; increasing viscosity leads to a higher fluorescence intensity at 710 nm; (b)
the fluorescence ratiometric calibration graph of microviscosity; (c) fluorescence spectral mea-
surements in CHO cells during photodynamic therapy; (d) the intensity ratio of the emission peaks
at 710 and 780 nm versus irradiation time in a cell (black, solid) and in a culture medium (red, hol-
low). The intracellular intensity ratio increases following irradiation, corresponding to a significant
increase in local microviscosity.
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It has been demonstrated in the previ-
ous sections that (i) viscosity inside cellu-
lar organelles can be very high and (ii) vis-
cosity inside cells is highly heterogeneous.
These data are consistent with the litera-
ture spectroscopic data from single-point
measurements on the diffusion-controlled
processes and reactions of short-lived cy-
totoxic singlet molecular oxygen in single
cells.[6,25]Wealso expected that viscosity in
the cell could change as a result of various
intracellular processes, for example, cell
death. To test this hypothesis we needed to
be able to map heterogeneous environment
of the cell with sub-micrometer spatial res-
olution and in real time, on a time scale
faster than the cell death process itself.
Fluorescence ratiometric imaging with the
conjugated porphyrin dimer fulfilled these
requirements.

Thus, we have decided to utilise the
viscosity-dependent spectroscopic prop-
erties of the conjugated porphyrin dimer
and apply it simultaneously as a molecular
rotor and as a PDT photosensitiser.[21] It
is important to note here that ratiometric
intensity readings from the dimer can be
obtained with low doses of incident light,
which are not toxic to cells. At the same
time, the irradiation of a conjugated por-
phyrin dimer inside live cells with high
doses of light induces cell death in re-
sponse to PDT.[23]

The single point fluorescence spectral
measurements of the dimer in live unper-
turbed cells demonstrated unequivocally
that the viscosity in the cell compartments
around the dimer is very high, ca. 80 cP.
Moreover, the domains of different viscos-
ity were visualized using wide-field ratio-
metric imaging of viscosity.[21] This result
emphasised the importance of imaging ap-
proach, versus single point acquisition.

Furthermore, the fluorescence spec-
tra of the dimer were recorded following
continuous irradiation of the cell, Fig. 6c.
These measurements established that the
viscosity in the cell increased dramatical-
ly as a result of PDT-induced cell death,
Fig. 6d.[21] The analysis of the ratiometric
fluorescence spectra of the dimer from the
necrotic cell subjected to PDT, yielded an
unprecedentedly high viscosity value of
360 cP.

This increase of the intracellular vis-
cosity as a result of cell death is noteworthy
since it manifests the slowing down of the
many intracellular processes, which rely
on diffusion, such as signalling, transport
and bimolecular reactions.

It remains to be established whether the
increase of the intracellular viscosity is the
cause of cell death or whether this increase
is simply a consequence of the oxidative
processes that cause cell death. Whichever
the case, the ability for fast imaging of in-
tracellular viscosity with molecular rotors

opens up exciting possibilities to unravel
the role of diffusion in photoinduced cell
death and, also, to study the normal cell
function.

Verification of Viscosity Values
obtained with Molecular Rotor
Measurements

One of the potential problems as-
sociated with using molecular rotors in
cell measurements is binding of rotors to
structures in the intracellular environment
or to macromolecules. In the case of bind-
ing, the rotation of the functional group(s)
responsible for the viscosity-sensitive
photophysical behaviour might become re-
stricted. In this case the fluorescence of the
rotor might indicate that viscosity is ‘high’
(i.e. no rotation is possible), however, this
value will not reflect the real situation and
will not correspond to the high viscosity.

There are several ways to ensure that
the longer lifetime of molecular rotors
in cells corresponds to real microscopic
viscosity, and not to binding and/or rotor
interactions with the macromolecular
structures inside the cells.

One approach is to complement FLIM
and/or ratiometric measurements with ani-
sotropy measurements. The theory behind
anisotropy measurements is briefly de-
scribed below.

Following excitation with linearly po-
larized light, rotational diffusion of the
fluorophore in its excited state results in a
depolarization of the fluorescence, which
can be monitored.[26] The rate of rotational
diffusion changes as a function of viscos-
ity. Thus, monitoring fluorescence aniso-
tropy can provide valuable complementary
information on the microviscosity of the
environment of the probe. It is particularly
useful to monitor the time-resolved fluo-
rescence anisotropy, r(t), which is defined
by Eqn. (5):

(5)r t( ) =
I|| t( )−GI⊥ t( )
I|| t( )+ 2GI⊥ t( )

where I��(t) and I⊥(t) are the fluorescence
intensity decays parallel and perpendicular
to the polarization vector of the exciting
light. The term G accounts for different
transmission and detection efficiencies of
the imaging system for parallel and per-
pendicular polarization.[26]

For a spherical molecule, r(t) decays as
a single exponential and is related to the
rotational correlation time (θ), Eqn. (6):

(6)r t( ) = (r0 − r∞)exp −
t
θ
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where r
0
is the initial anisotropy and r∞ is

the limiting anisotropy which accounts for
a restricted rotational mobility.[26]

For a spherical molecule in an isotropic
medium, θ is directly proportional to the
viscosity (η) of the solvent and the mo-
lecular hydrodynamic volume (ν) of the
rotating molecule:

(7)Tk
D

b
rot

ηυ
θ == −1)6(

where D
rot
is the rotational diffusion con-

stant, k
b
is the Boltzmann constant and T is

the absolute temperature.
A calibration graph for rotational cor-

relation time vs viscosity can be used to
calculate the effective microviscosity. This
method, for example, was previously used
to obtain a limiting viscosity value of 6 cP
in the aqueous phase of cell cytosol.[27]

Importantly, time-resolved anisotropy
measurements are able to specifically de-
tect r∞ (which may reflect partial or full
binding of the fluorophore) and are, thus,
not prone to additional error in viscosity
determination.[28]

We collected fluorescence anisotropy
decays from regions of interest within
SK-OV-3 cells stained by the meso-phenyl
substituted BODIPY molecular rotors.[8]
The time-resolved traces were extracted
and fitted with a single exponential decay
model according to Eqn. (6). The mea-
sured rotational correlation time was (590
± 110) ps, which corresponds to an average
viscosity values of ~60 cP. Unfortunately,
the time-resolved anisotropy imaging (TR
FAIM) of BODIPY rotors did not appear
experimentally feasible due to the relative-
ly low intensity available in each polariza-
tion channel.

Whilst the viscosity values obtained
by time-resolved fluorescence anisotropy
measurements (60 cP) were slightly lower
than those found by FLIM (160 and 260
cP), both independent methods agreed on
the same order of magnitude of viscosity in
organelles of SK-OV-3 cells. It is possible
that time-resolved fluorescence anisotropy
measurements only detected the rotation of
the fluorophore as a whole, which is in fact
partially embedded in the membrane lipid
bilayer. Thus it experienced the degree of
a hindered rotational mobility in three-
dimensional space. Another contributing
factor could be that the dye is not spherical,
as required by the Stokes-Einstein equa-
tion (Eqn. (7)), which could have affected
the measured viscosity.

Nevertheless, we could be confi-
dent that binding of the rotating unit in a
BODIPY rotors did not contribute to the
observed molecular rotor signal from cells
and themicroviscosity value obtained from
FLIM measurements was, indeed, real.
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The second approach which allowed
us to independently verify the viscosity
measurements by the conjugated porphy-
rin dimer,[21] was based on the observation
that the viscosity value in SK-OV-3 cells
during the measurement was not static; in-
stead it increased drastically as a result of
PDT-induced cell death, as was described
in the previous section.

We set up a control experiment[21]
where the dimer was exposed to a high pro-
tein concentration, similar to that expected
within a cell, and irradiated the sample.
Our hypothesis was that if the initial vis-
cosity value as detected by the ratiometric
signal was due to binding, we would have
been able to observe a similar viscosity in-
crease in a model protein mixture, similar
to that detected from SK-OV-3 cells.

The experiment clearly demonstrated
that the initial ratio of the planar/twisted
peaks of the dimer from the protein mix-
ture was considerably lower than that re-
corded in a cell. In addition, the ratio did
not change as a function of prolonged ir-
radiation, as it had done in the cell experi-
ment, Fig. 6d. There is no doubt that the
exact content of the protein mix in the cell
could not be mimicked like for like in our
simple cuvette experiment. However, the
fact that no increase in the twisted/planar
ratio was detected in this control experi-
ment, confirmed that the initial viscosity
value in the cell, as well as the observed
viscosity increase during PDT, did not
originate from binding of the dimer to in-
tracellular targets.

Conclusions and Outlook

In the last few years molecular rotors
have demonstrated their potential useful-
ness as new versatile tools for probing and
imaging viscosity in biological systems,
and their applicability to measurements
in clinical studies[29] as well as in funda-
mental studies of single live cells.[8,20,21,30]
There are now several types of molecular
rotors available, including malononitriles,
BODIPY and porphyrin dimers, which
have all been used to measure viscosity
within individual domains of live cells.
However, quantitative measurements were
only possible using the fluorescence life-
time-based rotors or the ratiometric rotors,
as described in this review.

Our work has identified that the intra-
cellular domains probed by the hydropho-
bic molecular rotors are characterised by
high viscosity, ranging from 80 cP to 260
cP. Fast viscosity imaging was also possi-
ble in the individual domains of live cells,
with the resolution of a confocal micro-
scope, in a non-invasive way.

In the future the design of new types
of rotors with varied cell localisation will
allow a wider range of cellular domains to

be investigated.With the ongoing develop-
ments in this field, in my laboratory and
elsewhere, I believe that molecular rotors
provide high potential for contributing new
knowledge to the vibrant and fast-develop-
ing science of intracellular imaging.
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