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In situ/ln vivo Optical Microspectroscopy
to Probe the Emergence of Morphology
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Abstract: Morphology governs function. Yet, understanding and controlling the emergence of morphology at the
molecular level remains challenging. The difficulty in studying the early stage of morphology formation is due to
its stochastic nature both spatially and temporally occurring at the nanoscale. This nature has been particularly
detrimental for the application of optical spectroscopy. To overcome this problem, we have been developing new
in situ/in vivo optical spectroscopy tools, which are label-free and non-invasive. This account highlights several
examples of how optical spectroscopy can become an important tool in studying the birth of morphology.
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1. Introduction

The study of structure-property relationships has been an im-
portant research activity for a wide range of materials and biologi-
cal systems. On the contrary, how ‘the emergence of morphology’
occurs, remains an open question, even though it is critical to es-
tablish the atomic/molecular level understanding of morphologi-
cal formation to rationally design materials, drugs, and prevent
various unwanted pathological diseases efc.

Our group is interested in the early stage of morphological
formation or phase transition in a wide range of systems, such as
organic/inorganic crystals,[!-3] supramolecular polymers,“>I and
biomineralization.[®-8] These wide ranges of topics share a com-
mon phenomenon: upon the change of concentration, pH, temper-
ature, or pressure, a system may undergo a metastable phase and
eventually a nucleation of the new phase occurs. In general, this
type of phase transition is stochastic, heterogeneous, and com-
plex, and there is a lack of a suitable method to probe the dynam-
ics to establish the molecular level understanding of the process.

Electron microscopy (EM) and atomic force microscopy
(AFM) have been promising approaches®13lin a wide range
of systems. Yet, a state before the phase transition is often de-
scribed as ‘featureless’ or ‘amorphous’ and the detailed descrip-
tion of how structural order emerges remains a key issue. Optical
spectroscopy is a promising complementary approach to capture
molecular dynamics during the early stage of nucleation. The
stochastic, heterogeneous and complex nature of nucleation pro-
cesses are, however, particularly detrimental to optical spectros-
copy approaches.

This account highlights the unique optical microspectroscopy
tools that we recently developed to study the emergence of mor-
phology in various domains of research fields (Fig. 1). For ex-
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ample, single crystal nucleation spectroscopy (SCNS) probes the
crystallization process of one crystal nucleation at a time. SCNS
in combination with theoretical calculations revealed molecular
orders within aggregates that are typically described as ‘amor-
phous’. SCNS setup can also be used as a laser tweezer Raman
microspectroscopy tool to investigate the chemical nature of sub-
micron objects diffusing in algal cells. Another development in
the group is the time-resolved dynamic light scattering micros-
copy (micro-DLS). This method is promising in tracking the tem-
poral evolution of the size distribution of nanoscale particles at
the time resolution of tens of milliseconds. These techniques are
label-free and non-invasive, and therefore their application in a
wide range of systems is envisioned.

Supramolecular polymerization

In-situ measurement

Fig. 1. We develop in situ optical spectroscopy to study the ‘birth of
morphology’. Image with clear background of coccolithus pelagicus sp.
from ref [14].

2. Single Crystal Nucleation Spectroscopy (SCNS)

Crystallization is an important example where the nucleation
process has been actively studied, and its molecular level under-
standing is crucial in a wide range of disciplines of science and
industry, and even in our daily life.[!:3.15.16] Countless examples
include the ice formation that impacts climate change, biomin-
eralization that forms the beautiful shells of mollusks, but can
also threaten our health by forming stones in kidneys, and during
drug design and production in pharmaceuticals. The rational con-
trol and engineering of crystallization and its morphology have
been limited by the lack of microscopic description of crystal
nucleation. Crystallization, screening of crystal polymorphs, and
the selection of crystal polymorphs have been performed based
on trial-and-error approaches, which cost enormous amount of
time and resources. Due to the stochastic nature of crystalliza-
tion, statistical approaches, such as determining the nucleation
rate under various crystallization conditions, have been the major
experimental methods to develop crystal nucleation theory.!:171
Recently, experimental approaches based on the cryo- and liquid
cell transmission electron microscopy (TEM) have brought new
insights on the crystal nucleation process.[-19 The presence of
morphologically ‘featureless’ or ‘amorphous’ clusters was con-
firmed in these TEM studies,[!8:1%1 and in situ TEM results showed
that these clusters became well-defined crystals.[20.211 More and
more studies show the involvement of pre-nucleation aggregates
in the crystal nucleation process and confirm the complexity of
the crystal nucleation process in contrast to the classical nucle-
ation theory.['8:2022-251 The next critical steps toward establishing
a microscopic picture include the detailed understanding of the
structure of pre-nucleation aggregates that may form, how the
crystalline order emerges from them, and how to rationally select
polymorphism.[2:26]

Optical spectroscopy has a huge potential in extracting the mo-
lecular level details of the structural dynamics of pre-nucleation
aggregates towards the phase transition. The application of optical
spectroscopy on crystal nucleation problems has been, however,
limited because the stochastic and heterogeneous nature of the
nucleation process is particularly detrimental to the interpretation
of the spectroscopic signals. If one probes a large volume of a
sample to capture a nucleation event that can occur anywhere at
any time, the spectroscopic signal from this nano-scale process
would be buried in the average of various species in solution (e.g.
monomers, aggregates, and crystals).

We reported a novel method, ‘single crystal nucleation spec-
troscopy (SCNS)’ to overcome this issue and spectroscopically
probe crystallization processes one crystal nucleation at a time.[27]
The SCNS is a method based on the combination of optical trap-
ping induced crystallization (OTIC) and Raman microspectrosco-
py (Fig. 2a). When a continuous-wave (CW) laser beam is tightly
focused into a solution, optical gradient force attracts particles
toward the focus spot. Although the optical gradient force is not
strong enough to trap a single molecule, crystallization eventually
occurs at the focus spot and it has been assumed that the laser
could increase the local concentration over time.[?81 We use OTIC
as a method to spatially control a single crystal nucleation event
(i.e. at a focused laser spot), and the same laser generates Raman
scattering allowing us to track the nucleation process one crystal
nucleation at a time by Raman microspectroscopy (Fig. 2b). The
polarization of our laser beam is depolarized to mimic natural
crystallization. In our first report of SCNS, we demonstrated in
situ Raman spectroscopy of single glycine crystallization from
aqueous solution at 46 ms time resolution.[27]

Fig. 3a—f shows a series of Raman spectra obtained in situ
during single crystal nucleation of glycine in aqueous solution.
The dynamic nature of crystal nucleation can be observed. As
a nucleation starts, broad Raman bands around 3200-3500 c¢m™!
first decreased (Fig. 3b). This is partially due to the increased local
concentration of glycine molecules that pushed water molecules
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Fig. 2 a) A cartoon representing the dual role of 532 nm CW laser. A
tightly focused CW laser induces crystallization at the focus while it ser-
ves as a Raman excitation laser to track the crystallization dynamics. b)
A temporal representation of the molecular evolution under OTIC.[27]



52

CHIMIA 2024, 78, No. 1/2

YounGg CHEMISTRY PROFESSORS AND AMBIZIONE FELLOWS IN SWITZERLAND

out of the laser focus spot. This coincides with the appearance
of a blurry object in the bright field image at the focus spot. The
formation of a crystal is evidently captured with the increased Ra-
man intensity and the appearance of new peaks (Fig. 3c), while the
bright field image remains blurry. Among various spectral chang-
es upon nucleation, the appearance of the Raman peak at 2954
cm’ was of surprise because a-glycine (C-H stretching mode:
~2970 cm') was the expected polymorph in water. The peak at
2954 cm was assigned to be the formation of f-glycine. The
spectral feature of 3-glycine was short-lived and quickly became
that of a-glycine (Fig. 3c—e).

The spectral evolution during a glycine nucleation was ana-
lyzed using non-negative matrix factorization (NMF),[2%] a type
of unsupervised principal component analysis (Fig. 3g-1). The
advantage of this analysis is that the algorithm outputs a set of
partial Raman spectrum (PRS) as well as the amplitude of each
PRS without any assumption concerning their spectral shapes.
The number of PRS is the only pre-determined parameter. A good

quality fit was achieved with three PRS (Fig. 3g-k). PRS-1 and -2
match well with the Raman spectrum of solution and -glycine,
respectively. PRS-3, initially unidentified species could be as-
signed as the spectrum of pre-nucleation aggregates (see ref.
[27] for details). The temporal evolution of each PRS amplitude
(Fig. 3i) supported that glycine crystallization from water occurs
in a non-classical nucleation pathway. Initially, the spectra were
composed of 80-85 % of PRS-1, 0 % of PRS-2 and 15-20 % of
PRS-3. Just before the nucleation occurred at ~2.65 s (the sud-
den increase of the PRS-2), the amplitude of PRS-1 decreased
while that of PRS-3 increased (highlighted by grey color). Once
a crystal formed, the amplitude of PRS-3 dropped to almost zero,
suggesting that the pre-nucleation aggregates were converted to
the crystal. This result was qualitatively reproduced in 33 experi-
ments although there are some variances between each result due
to the stochastic nature of crystallization. The in situ optical spec-
troscopic data at the single crystal nucleation level reveals how
pre-nucleation aggregates form and convert to a crystal.
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Fig. 3. a-f) Snapshots of Raman spectra of glycine in water showing the phase transition from solution (a) to crystal (f) with the corresponding bright
field microscopy images (16x16 pm) as insets. g-i) Three spectra obtained by non-supervised data decomposition of the series of spectra during
crystal nucleation (PRS: Partial Raman Spectrum 1-3). j) An example of the fit to the data by three constituents and k) the residuals of the fit.

) Temporal evolution of each constituent amplitude during the crystal nucleation.[27]
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SCNS further identified the Raman spectrum of pre-nucleation
aggregates for the first time. This is a key experimental observ-
able that SCNS can uniquely provide. Using the spectral feature
as a bridge, the experimental Raman spectrum of pre-nucleation
aggregates was compared with the simulated spectra of glycine
aggregates from molecular dynamics simulation. The comparison
led us to propose that the emergence of the order occurs via forma-
tion of hydrogen-bonded linear networks.

This work demonstrated that SCNS can not only extract the
information of crystal nucleation pathways (classical vs non-clas-
sical), but also reveal the polymorph conversion process, even if
the lifetime of meta-stable polymorph is too short to be detected
by conventional bulk characterization tools. This is a crucial ad-
vantage in studying the effect of environment (different solvents,
the presence of additives efc.) on crystal nucleation pathways. In
the case of glycine, for example, the addition of salts in aqueous
solution results in the formation of y-glycine. In literature, a pro-
posed mechanism is that ions disrupt cyclic dimers of glycine and
form a linear chain to build y-glycine.[39 Our work showed that
glycine forms hydrogen-bonded linear chains instead of cyclic di-
mers even in pure water. It is now exciting to study the role of salts
on the glycine crystallization pathway using SCNS.B!I A similar
question is posed in many different systems including active phar-
maceutical ingredients (APIs). We foresee that SCNS will become
apowerful tool to elucidate the effect of various chemical environ-
ments on the early stage of crystallization at the molecular level
so that rational polymorph selection is realized.

3. Laser Tweezer Raman Microspectroscopy for
in vivo Investigation of Biomineralization

Biomineralization is a fascinating process by which living or-
ganisms produce minerals. From the simplest unicellular to the
most complex organism, biomineralization covers a wide range
of formation mechanisms, which can explain the function and
structure of biominerals. In various biological systems, minerals
can be used as protection or internal structure such as skeletons of
corals, shells, and vertebrates. In these cases, the process of min-
eralization (composition, nucleation, growth, morphology and lo-
cation) is controlled by cellular activities and is called biologically
controlled mineralization.[3233] In others, mineralization can be
induced by secondary reactions leading to favorable conditions to
form a mineral such as kidney stones. This type of process, called
biologically induced mineralization,32.33] results in heterogeneity
in size, shape and composition of the mineral phase as there is no
control from the organism.

Barium sulfate, or barite, is a heavy biomineral, the presence
of which in organisms is still poorly understood. Indeed, barium
has the particularity of being highly toxic under its ionic form,
while holding the lowest solubility among sulfate salts.[34] Firstly,
one hypothesized that it could serve as gravity sensing, as studied
in freshwater green algae, Chara.l35! The use of barium sulfate
crystals as statolith was then applied to Closterium, Micrasterias
and Spirogyral3-401 (freshwater green algae from Zygnemato-
phyceae), as they are motile in water.[3®! Recently, studies point
towards the toxicity of barium.36371 For example, Krecji et al.
found that the terminal vacuoles of Closterium contained high
sulfate concentrations, which could act as a trap to precipitate
barium and isolated it from the rest of the cell.[371 According to
these authors, Closterium adopts the detoxification mechanism to
decrease the concentration of barium throughout the cell as they
observed that transport proteins do not discriminate between Ca,
Ba and Sr. Currently, there is no leading evidence to conclude the
reason why species among this class of green algae present barite
microcrystals inside their cells.

Among various freshwater algae, we chose Spirogyra for our
study because this alga is the least studied regarding the micro-
crystal formation while it is widely used as a model organism to

study the algal system. Its size and transparency make the species
relatively easy to observe under optical microscopy and its genus
is clearly recognized because of its helical chloroplasts (Fig. 4a).
Our study focused on the description and localization of these
crystals within Spirogyra combining in vitro electron microscopy
and in vivo laser tweezer Raman microspectroscopy.i*!l From
these results, a formation mechanism was proposed, which will
help hopefully to answer if these crystals play a biological role in
Spirogyra or not.

The characterization of the size, morphology and composition
of microcrystals was first performed in vitro on simple dried cells
with scanning electron microscopy (SEM) and energy-dispersive
X-ray spectroscopy (EDXS) (Fig. 4b). Within Spirogyra cells,
crystal sizes varied from 300 to 500 nm for the smallest and 700
nm to 1 um for the largest. EDXS analysis indicated that these
crystals consisted of Ba and S, suggesting that they are barite.
The crystal shapes ranged from rounded to hexagonal and rhom-
bohedral. Fig. 4b shows mainly rhombohedral crystals with (210)
and (001) faces, meanwhile a hexagonal crystal with the (011)
is presented in Fig. 4d. (011) face is rarely seen in synthetic bar-
ite crystals because of its fast growth rate.l*?] The observation of
(011) face is most likely due to organic molecules in cells (e.g.
phosphonates, carboxylates) influencing the crystal habit.[42-46]

SEM-EDXS analyses were also conducted on the samples
dried via the critical point drying process to preserve the cell

20 um

Fig. 4. a) Optical image of a Spirogyra cell focused on the bottom of the
cell, where small particles are visible. b) SEM image of barite crystals
inside a simply dried cell of Spirogyra using SEM. c) SEM images of
Spirogyra cells prepared by the critical point drying method. End cell of
a preserved filament, where the helical chloroplast is visible from inside
the cell. d) Zoomed image on a barite crystal inside a preserved cell. A
rhombohedral barite crystal is observed with crystallographic faces (210)
and (001). From the cleavage of these two faces, a fast-growing face
(011) can appear and is present in the hexagonal crystals.[41]
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structure for investigating the location of barite microcrystals
(Fig. 4c—d). Fig. 4c illustrates that the samples, after undergo-
ing critical point drying, retained the cylindrical form of the cell
and the spiral arrangement of Spirogyra chloroplasts, appearing
brighter below the cell wall. Vacuole contents dried up during the
drying procedure, but the vestige of its presence was observed
through the maintained chloroplasts and the cytoplasmic mem-
brane pushed against the cell wall (see ref. [41] for details). Fortu-
nately, a few damaged cells revealed their internal structure, mak-
ing it possible to identify the different organelles (chloroplasts,
cytoplasmic membrane efc.) and the neighboring environment of
barite crystals. Fig. 4d is a magnified image of a crystal found
inside the cell, where cytoplasmic membrane can be seen under
and behind the crystal. The cell is delimited by the cell wall, also
present under the cytoplasmic membrane (Fig. 4d). We could also
observe that the crystals found in this broken cell were in contact
with chloroplasts and a fibrillary network. This network might
consist of either actin filaments or accumulations of other bio-
chemical substances formed during the water removal process in
critical point drying. Given the presence of barite microcrystals
within the cytoplasmic membrane and chloroplasts, our findings
provide support that barite crystals exist within the protoplast.

These findings from in vitro approach were then combined
with in vivo optical microscopy and Raman microspectroscopy to
identify their location within living cells. While examining Spiro-
gyra cells, none of the immobile objects displayed the character-
istic Raman spectrum of barite. Instead, multiple mobile particles
were noticed when focusing on the cell’s upper or lower regions.
These particles could be stably trapped optically at the bottom
of the cell (Fig. 5a—f), allowing the acquisition of their Raman
spectra (Fig. 5g). Remarkably, these spectra closely matched the
Raman spectrum of synthetic barite. This result not only allowed
us to identify the composition of the particles, which agrees with
EDX analysis, but also to confirm the optical visibility of bar-
ite crystals and their placement within the cytoplasm. Moreover,
these crystals exhibited mobility.

To determine the distribution of barite crystals within a cell,
optical microscopy images were captured at various heights along
the z-axis.[*!l Mobile barite crystals were observed at the bottom,
top, sides, and around the nucleus of Spirogyra cells, indicating
their presence in the cytoplasm near the cell walls. This observa-
tion aligned with the Raman spectrum of barite particles often
detected at the bottom of a cell above the cell wall. Observing
their motion revealed that the microcrystals move in the direc-
tion of cytoplasmic streaming, a rapid cellular movement driven
by actin filaments and myosin motor proteins.l*’! This intricate
motion of barite crystals suggests a complexity beyond Brown-
ian motion and supports their presence in the cytoplasm of living
Spirogyra cells.

Based on these findings, we proposed that the formation of
barium sulfate occurs within the cytoplasm, where the necessary
conditions for precipitation can be met. This involves, firstly,
non-selective transport of Ba?* ions, observed in Closterium,!37!
alongside the active transportation of divalent cations like Ca®*
and Mg*, needed for actin polymerization.48] Secondly, chloro-
plasts assimilate sulfate for amino acid biosynthesis,**] implying
its presence in the cytoplasm. Whether barite precipitation in Spi-
rogyrais aresult of biologically induced processes or a controlled
biomineralization process remains an unanswered question.

This work demonstrates the advantage of in vivo optical mi-
crospectroscopy to characterize the chemical nature of microcrys-
tals within living cells. The combination of in vivo approaches
with in vitro SEM and EDXS studies that are typically used in
biology can significantly advance our understanding of barite
biomineralization in Spirogyra. As the laser tweezer Raman mi-
crospectroscopy is non-invasive, it has a potential to be applied in
a variety of systems.!50->21 Further research will be conducted to
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Fig. 5. a-f) Successive optical microscopy images of living Spirogyra cell
during laser tweezer Raman microspectroscopy. Interval time between
each panel is 0.5 s. a) Representation of the focus point of the laser by
a red cross. b—f) Particles were attracted towards the laser focus and
formed an aggregate seen as a bigger particle (red circle). g) Raman
spectra of the cell wall trapped particles near and far from the cell wall,
and synthetic barite. The trapped particles show distinct Raman peaks
matching those of synthetic barite.[41]

answer the question whether barite microcrystals have a biologi-
cal role in Spirogyra.

4. Time-resolved Dynamic Light Scattering
Microscopy (micro-DLS)

While expanding the application of our microspectroscopy
tools, we realized that systems relevant to biomineralization such
as barium sulfates or calcium carbonates present extremely low
solubilities in water (~ug/ml) and precipitate quickly. This pre-
vents us from using SCNS to study crystal nucleation process of
barium sulfates or calcium carbonates one crystal nucleation at a
time, because it is practically impossible to hold the system in a
metastable state for long enough to induce crystallization by opti-
cal gradient forces. On these systems, we are forced to monitor
a large number of crystal nucleation events, yet there is a lack of
tools that can monitor the temporal evolution of their morphology
and structure simultaneously at a reasonable time resolution.[
For example, structural information can be monitored by Ra-
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man microspectroscopy at a reasonable time resolution, but it is
not easy to follow the size evolution of systems in time-resolved
manner. The use of synchrotron source to perform small-angle
and wide-angle X-ray diffraction (SAXS and WAXS) may be an
option to follow the size evolution at 100 ms time resolution in
situ,531 but the accessibility to the resources is limited.

Dynamic Light Scattering (DLS) has been an established
method for several decades in assessing the size of nano-objects
within colloidal solutions, finding application in diverse fields in-
cluding colloid and polymer sciences, food chemistry, nanotech-
nology, nanomedicine, and biomedical research.54-3%1 DLS is a
photon correlation spectroscopy, based on the fluctuation of light
intensity generated by the interference of single scatterings from
colloidal particles that are undergoing Brownian motion.[%! The
intensity fluctuation is analyzed by an autocorrelation function,
and the diffusion coefficient of the particles can be extracted from
the decay of autocorrelation curve. The broad utility of DLS is
derived from its non-destructive capability to provide ensemble
particle size estimates across a wide size range, and its use is rela-
tively quick and easy.!*! A conventional DLS setup is composed
of a coherent light source and a photodetector, positioned in a
manner that optically links them to the sample. The photodetector
is connected to a data acquisition module (correlator), allowing
high acquisition rates necessary for capturing fluctuations from
particle dynamics (Fig. 6a).

However, a major limitation of conventional DLS is a long
acquisition time needed for constructing autocorrelation curves,
which typically could take up to several minutes. Thus, the size
distribution of a sample must stay unchanged during the mea-
surement. This makes DLS as a tool to characterize the size dis-
tribution of samples in steady-state, while one of the important
information for studying crystallization is the temporal evolution
of the size distribution.

Conventional DLS Sample
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micro-DLS —— Sample
: Syncsignal ¢
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{(MultiHarp)

Fig. 6. Schematic diagrams summarizing the setup arrangement and

its main component of a) an example of the conventional DLS and b)
micro-DLS built in our group. The use of TCSPC module enables a post
data analysis.

To this end, we have developed time-resolved dynamic light
scattering microscopy (micro-DLS).[61.62] The implementation of
DLS on a microscopy system had been previously reported.[63.64]
In these reports, micro-DLS was developed to overcome other
limitations of conventional DLS which cannot measure the size
of opaque (highly concentrated) samples and is vulnerable to the
presence of contaminants (such as large dust particles). It offers
a substantially enhanced spatial resolution, enabling localized
measurements in heterogeneous materials and improving DLS
performance when dealing with contaminants.[63 Additionally, it
excels in analyzing opaque samples characterized by high light-
scattering and light-absorbing properties.[¢4] The setup developed
in our group employs a back-scattering arrangement, a confocal
optical design, and the partial heterodyne correction of the de-
tected signal.[64]

Upon development of the time-resolved micro-DLS, we chose
to build a post data processing program rather than a program that
calculates autocorrelation on the fly. The advantages of post data
processing strategy has been demonstrated for excluding pollut-
antsl®] and improving the precision and accuracy of measured
size distributions, ¢! for example. The flexibility in selecting time
ranges of interest significantly improves the DLS capabilities in
tracking dynamic chemical processes in situ.

The simple scheme of micro-DLS setup with post data pro-
cessing capabilities is shown in Fig. 6b.1°!1 The optical setup is
basically a confocal microscope, where a CW laser is focused on
a solution sample using an objective lens and the scattering signal
is collected by the same lens and detected using an avalanche pho-
todiode (APD). The arrival time of each photon is registered using
time-correlated single photon counting (TCSPC) devices. This is
crucial for the post data processing. As a CW laser is used for the
measurement, an external synchronization signal operating at 80
MHz was employed for the time-tag reference. Confocal align-
ment is crucial in micro-DLS as it removes the effect of multiple
scattering to keep the amplitude of autocorrelation high.

On the software side, an in-house Python program was writ-
ten for the post data analysis.lo!l The program can load the data
and display first the scattering intensity as function of time at
arbitrarily chosen time bins. A user is free to slice the data within
a specific range. The sliced data is then used to calculate the sec-
ond order normalized autocorrelation function (ACF). The second
order ACF was calculated from photon arrival times by adopting
a coincidence counting algorithm developed in the field of single
molecule spectroscopy,®’! instead of using intensity counts. This
algorithm is the key for constructing ACF from a limited number
of photons. Using the obtained ACF, the distribution of diffusion
coefficients was computed by solving an inversion problem by
regularized non-negative least squares with Tikhonov regulariza-
tion.[61]

Firstly, we assessed whether our system is capable of accu-
rately determining the monomodal size distribution of a colloidal
solution. We used a solution of polystyrene beads of 60 nm at 0.1
wt.% and a solution of 220 nm at 5 wt.% (Fig. 7) and measured
the scattering from each sample (Fig. 7a—b). Following the post
data analysis method mentioned above, we computed the ACF
from a time window width of 180 s (Fig. 7c—d) and reconstructed
the size distribution (Fig. 7e—f). The size distribution shown in
Fig. 7e—f indicates that the micro-DLS setup with the post data
processing works as good as a commercial DLS setup to estimate
the correct size distribution of monomodal colloidal solutions.
The size distribution was fitted to a log-normal function and gave
the peak sp = 69 nm and full width at half maximum (FWHM) =
54 nm for 60 nm particles, and sy = 264 nm and FWHM = 226
nm for 220 nm particles, respectively. The size distribution from
the commercial DLS was sp = 75 nm and FWHM = 51 nm for
60 nm particles, and sp = 300 nm and FWHM = 303 nm for 220
nm particles, respectively. Further detailed characterization of
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the setup and analysis were performed and can be found in our
previous reports.[01.62]

The important question on this development was to address
what the shortest time window outputting the correct size distri-
bution would be. The first test was performed by fixing the initial
point of the time window and varied its width from 180 s to 20
ms. A mixed solution of 20 and 80 nm nanoparticles was used for
this measurement. Fig. 8a is a two-dimensional plot where the
amplitude of the size distribution is represented by the opacity
of the color for a series of time window width, T, (180 s to 20
ms). Fig. 8b—e show the size distribution at T = 1 s, 220 ms, 80
ms and 20 ms, respectively. Fig. 8f—i are the corresponding ACF
that were used for constructing the size distribution shown in Fig.
8b—e. While T was reduced until 80 ms, the bimodal distribution
with reasonable size range was extracted. Below this T, the distri-
bution corresponding to 20 nm colloidal solution was no longer
detected (cf. Fig. 8e, T =20 ms). The quality of ACF is also poor
when T = 20 ms (Fig. 8i). Based on this analysis, we concluded
that the smallest time window width to properly characterize the
size distribution was 80 ms under these experimental conditions.

An interesting outcome from the analysis based on a short
time window width is the variation of FWHM of the size distribu-
tions. Typically, when large T (> 30 s) is used, FWHM of the size
distribution tends to broaden. When the shorter T is used, FWHM
reduces significantly (Fig. 8a). Narrow distributions observed at
the shorter T were attributed to the capability of time-resolved
micro-DLS to undercover the sub-ensemble of a broad size distri-
bution.[°!l Indeed, there is inherently some polydispersity of the
particle size when a colloidal solution is prepared. When long
T is used for calculating ACF, it represents an average of all the
particle sizes in ensemble and therefore the reconstructed size
distribution is broad. Also, larger particles contribute to scatter-
ing more than smaller ones, and therefore the size distribution is
somewhat biased toward larger sizes. We have tested this hypoth-
esis by reconstructing the distribution from consecutive 80 ms
windows over 180 s time span (Fig. 9). From single 80 ms span,
the peak of the size distribution varied between window positions,
but it stayed under the broad distribution obtained by the T =
180 s window (Fig. 9a). One can construct the size distribution

Fig. 8. The size distribution of a solution mixture of 20 nm silica particles
and 80 nm polystyrene particles. a) Two-dimensional plot of the size
distribution reconstructed using different time window width, T. The size
distributions for b) T = 1s, c) 220 ms, d) 80 ms, and €) 20 ms, with repor-
ted values from log-normal fit. f-i) ACF (dots) and the reconstructed fit
(solid line) for each of the size distributions in b—e).[61]

by accumulating the sub-ensemble (Fig. 9b). The result matched
the specification of the colloidal solution better (with a smaller
FWHM), than when one window of T = 180 s was used for esti-
mating the size distribution.

The time-resolved micro-DLS can extract the size of colloidal
solution every 80 ms. The improvement of temporal resolution
of DLS is several orders of magnitude compared with a com-
mercially available DLS. This is a breakthrough as it opens the
application of DLS to systems that temporally evolve. As the setup
was developed around a microscopy environment, the combina-
tion with other spectroscopic methods can be easily implement-
ed. The analysis software allows users to customize the window
width and position for reconstructing size distributions. This flex-
ibility is a crucial aspect of our micro-DLS, as it makes it easy
to correlate the size evolution with the temporal change of spec-
troscopic data when micro-DLS is combined with other spectro-
scopic measurement. The combination of microspectroscopy and
micro-DLS may be able to simultaneously provide both structural
and morphological information during the early stages of barium
sulfate or calcium carbonate precipitation, and furthermore a wide
range of systems such as supramolecular polymers and protein
self-assembly may be studied.

5. Conclusions

This account highlighted our recent works on developing in
situ/in vivo optical microspectroscopy to study the emergence of
morphology. The understanding of how molecules form nucle-
us and evolve into different morphology at the molecular level
is of great importance in a wide range of scientific disciplines.
Although, optical spectroscopy is an ideal tool for probing mo-
lecular dynamics, it has been rarely used to tackle this problem.
We have established two platforms, SCNS and time-resolved
micro-DLS, which are both label-free and non-invasive. SCNS
can also be used as a laser tweezer Raman microspectroscopy for
in vivo study of biological systems. Both systems are similar to
a simple confocal microscope and so far, only one laser beam is
needed. This suggests that these setups can be further tailored by
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combining them with other spectroscopic tools depending on the
type of desired in situ information. There are plenty of interest-
ing problems in various scientific fields where the development
of time-resolved in situ/in vivo spectroscopy tools is needed. The
ongoing advancement of in situ/in vivo optical microspectroscopy
will provide strong impetus for accelerating our ability to under-

stand and control the early stage of morphological formation at
the molecular level.
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